We measured the longitudinal responses to 95 HLA class I-restricted human immunodeficiency virus (HIV) epitopes and an immunodominant HLA A2-restricted cytomegalovirus (CMV) epitope in eight treatment-naive HIV-infected individuals, using intracellular cytokine staining. Patients were treated with highly active antiretroviral therapy (HAART) for a median of 78 weeks (range, 34 to 121 weeks). Seven of eight patients maintained an undetectable viral load for the duration of therapy. A rapid decline in HIV-specific CD8 ؉ T-cell response was observed at initiation of therapy. After an undetectable viral load was achieved, a slower decrease in HIV-specific CD8 ؉ T-cell response was observed that was well described by first-order kinetics. The median half-life for the rate of decay was 38.8 (20.3 to 68.0) weeks when data were expressed as percentage of peripheral CD8 ؉ T cells. In most cases, data were similar when expressed as the number of responding CD8 ؉ T cells per microliter of blood. In subjects who responded to more than one HIV epitope, rates of decline in response to the different epitopes were similar and varied by a factor of 2.2 or less. Discontinuation of treatment resulted in a rapid increase in HIV-specific CD8 ؉ T cells. Responses to CMV increased 1.6-and 2.8-fold within 16 weeks of initiation of HAART in two of three patients with a measurable CMV response. These data suggest that HAART quickly starts to restore CD8 ؉ T-cell responses to other chronic viral infections and leads to a slow decrease in HIV-specific CD8 ؉ T-cell response in HIV-infected patients. The slow decrease in the rate of CD8 ؉ T-cell response and rapid increase in response to recurrent viral replication suggest that the decrease in CD8 ؉
؉

T-cell response and rapid increase in response to recurrent viral replication suggest that the decrease in CD8
؉ T-cell response observed represents a normal memory response to withdrawal of antigen.
The CD8
ϩ T-cell response to human immunodeficiency virus (HIV) infection plays a key role in the control of HIV. Despite the undeniable benefits of highly active antiretroviral therapy (HAART), treatment with HAART results in both diminished cellular and humoral HIV-specific responses. HIVspecific antibodies (11) , HIV-specific CD4 ϩ T-cell responses (16) , and HIV-specific CD8 ϩ T-cell responses (2, 4, 5, 11, 14, 15, 17) are all reported to decrease with treatment. Recent reports have suggested that the decline in CD8 ϩ T-cell response is particularly rapid after the initiation of therapy. Ogg et al. (14) have reported a half-life (t 1/2 ) of 45 days after initiation of HAART. Ortiz et al. (15) reported a t 1/2 of 3 to 8 days, as determined by enzyme-linked immunospot analysis. In response to these findings and reports that treatment interruption increases HIV-responsive peripheral blood CD8 ϩ T cells (19), several strategies such as therapeutic vaccination and structured treatment interruption have been proposed to enhance the patient's immune response while on HAART. Early reports suggest that structured treatment interruption in patients recently infected with HIV may be beneficial (18) . In chronic infection, where a mature immune response has already developed, no clear clinical consensus concerning the benefits of structure treatment interruption has developed.
A wide range of values for the rates of decay of CD8
ϩ T-cell responses have been reported in studies using a variety of different patients, epitopes, and methods (3, 5, 6, 13, 15, 18, 19) . We report here the CD8 ϩ T-cell responses of eight treatment naive patients to 95 optimized cytotoxic T-lymphocyte (CTL) peptide epitopes and to a putative immunodominant HLA A2 cytomegalovirus (CMV) peptide epitope after the initiation of HAART, using a functional assay for T-cell response to antigen. Seven of these eight patients maintained maximal viral suppression for a median period of 78 weeks of therapy. Our results show an initial rapid decrease in response, followed by a lower rate of decay after viral load becomes undetectable. This lower rate of decay suggests that in chronically infected individuals, interventions to boost the CD8 ϩ T-cell response may not be necessary until later in therapy than previously thought.
MATERIALS AND METHODS
Subjects. Eight HIV-infected, antiretrovirus-naive patients with an initial CD4 ϩ T-cell count of greater than 200/l were recruited for this study. Six of these subjects were involved in other clinical trials testing the efficacy of different drug regimens at the time of this study. All eight subjects achieved undetectable viral loads (Ͻ400 copies/ml) on HAART. One subject had an episode of detectable viremia due to medical noncompliance during this study; viremia remained undetectable in seven subjects for the duration of the study. These seven patients consisted of six men and one woman with a median age of 36 (26 to 52) years.
Only two of the eight patients studied had documented evidence of recent infection (Ͻ1 year after a negative serological test for HIV). Patient 7 presented with a bilateral facial palsy, photophobia, a sterile lumbar puncture with a lymphocytic pleocytosis, and an indeterminate Western blot, consistent with primary HIV infection (Table 1) . Patient 6, who presented with a right optic neuritis, reported that he was seronegative 6 months prior to presentation.
Medical regimens, clinical data, and HLA typing are reported for all eight subjects in Table 1 . HLA typing was performed on all eight subjects, using PCR sequence-specific primer methodology. All patients signed informed consent as approved by the Institutional Review Board of the University of Texas Southwestern Medical Center.
Peptide screening. Ninety-five optimally defined HIV epitopes described in the HIV Molecular Immunology Database (10) were used to screen for CD8 ϩ T-cell responses and included peptides from the HIV gag, pol, env, and nef gene products. Lyophilized peptides were resuspended in dimethyl sulfoxide at stock concentrations of 100 mg/ml for peptide mixes or 10 mg/ml for single-peptide experiments. For epitope screening, peptides were used in a matrix format as described by Kern et al. (9) and Betts et al. (1) . The final concentration of each peptide was 2 g/10 6 cells in all experiments described. After reactive peptide epitopes were identified, only those epitopes were followed longitudinally. Two individuals, patients 3 and 5, were screened using peptide epitopes restricted to their specific HLA class I genotypes because of a limited amount of frozen peripheral blood mononuclear cells (PBMC). Twelve peptides were screened for patient 3; 14 were screened for patient 5.
Antibodies. Unconjugated mouse anti-human CD28, unconjugated mouse anti-human CD49d, fluorescein isothiocyanate (FITC)-conjugated mouse antihuman gamma interferon (IFN-␥), phycoerythrin (PE)-conjugated mouse antihuman CD69, peridinin chlorophyll protein-conjugated mouse anti-human CD3, and allophycocyanin-conjugated mouse anti-human CD8 monoclonal antibodies were obtained from Becton Dickinson Immunocytometry Systems, San Jose, Calif.
Cell preparation. PBMC were obtained by standard Ficoll-Hypaque density centrifugation (Pharmacia, Uppsala, Sweden). Both fresh and frozen PBMC were used for intracellular IFN-␥ staining. PBMC were frozen in complete RPMI medium containing 10% heat-inactivated fetal calf serum (R-10 medium)-dimethyl sulfoxide (90:10) in a Forma CryoMed cell freezer. Cells were stored at Ϫ140°C. Cells were thawed at 37°C, immediately diluted at least 1:15 fold-with ice-cold R-10 medium, centrifuged at 300 ϫ g for 8 min at 4°C, and then washed once again before being counted and diluted to 10 6 cells/ml. Cells were allowed to come to room temperature over at least a 2-h period before cell stimulation.
Cell stimulation. Stimulation was performed as described previously (8) . One million PBMC in 1 ml of R-10 medium were incubated with 1 g each of costimulatory CD28 and CD49d monoclonal antibodies and 2 g of each peptide to be tested. To control for spontaneous production of cytokine and activation of cells prior to addition of peptides, cells incubated with only costimulatory antibodies were included at every time point. Cultures were incubated at 37°C in a 5% CO 2 incubator for 1 h, followed by an additional 5-h incubation after addition of the secretory inhibitor brefeldin A (10 g/ml; Sigma, St. Louis, Mo.).
Immunofluorescent staining. Peptide-stimulated and control cultures were washed and spun down at 300 ϫ g for 8 min in cold Dulbecco's phosphatebuffered saline containing 1% bovine serum albumin and 0.1% sodium azide (FACS [fluorescence-activated cell sorting] buffer), and transferred into 5-ml Falcon polystyrene tubes for staining. After an additional wash, the cells were stained with directly conjugated CD3 ϩ and CD8 ϩ antibodies for 30 min on ice. The cells were washed once with cold FACS buffer and resuspended in 750 l of a solution containing 50 l of enzyme-grade Tween (Sigma) per 100 ml of a 2ϫ concentration FACS-lyse solution (Becton Dickinson Immunocytometry Systems) for 10 min in the dark at room temperature. Permeabilized cells were immediately washed twice with cold FACS buffer and spun down at 600 ϫ g for 8 min. The cell pellet was resuspended in minimal volume and stained with directly conjugated anti-IFN-␥ and anti-CD69 antibodies for 30 min on ice. After a final wash, the cells were resuspended in Dulbecco's phosphate-buffered saline containing 1% paraformaldehyde (Electron Microscopy Systems, Fort Washington, Pa.) and stored at 4°C until analysis.
Flow cytometric analysis. Six-parameter flow cytometric analysis was performed on a FACScalibur flow cytometer (Becton Dickinson Immunocytometry Systems), using FITC, PE, peridinin chlorophyll protein, and allophycocyanin as the fluorescent parameters. Between 50,000, and 130,000 live events were acquired, gated on small viable lymphocytes and CD3 ϩ and CD8 ϩ expression. Results were analyzed using PAINT-A-GATE Plus software (Becton Dickinson Immunocytometry Systems). In all experiments, responses were rated positive when a population of IFN-␥ ϩ and CD69 ϩ events representing Ն0.05% (above background) of CD3 ϩ CD8 ϩ lymphocytes was observed. Reproducibility of intracellular cytokine assay in fresh and frozen cells. Replicate analysis of the CD8 ϩ T-cell response to the HLA A2 CMV peptide epitope pp65 NLVPMVATV was performed on both freshly isolated (n ϭ 5) and cryopreserved (n ϭ 5) PBMC from a subject with a known response to this epitope. Incubation of this peptide with freshly prepared PBMC resulted in IFN-␥ production in CD69 ϩ cells in 2.12 Ϯ 0.16% of total CD8 ϩ T cells. In frozen cells, 2.03 Ϯ 0.14% of the CD8 ϩ cells responded. This difference was not significant, as judged by Student's t test (P ϭ 0.42). Responses to HIV epitopes in cells frozen for as long as 6 months were similar to data obtained from freshly prepared PBMC 6 months earlier.
Statistics. Student's t tests, paired t tests, and linear regression analysis were done using a SPSS version 9.0 statistics package. 
RESULTS
Suppression of HIV load and changes in T cells with HAART.
Eight patients were recruited for this study. All but one patient, patient 8, maintained an undetectable viral load for the duration of this study. Median viral load prior to initiation of therapy was 23,620 (range, 10,782 to 245,000) copies/ml in the seven patients who maintained a viral load of Ͻ400 copies/ml. Median CD4 ϩ T-cell count was 519 (268 to 705) cells/l at initiation of therapy. Median duration of study was 78 (34 to 121) weeks. In all but one patient, viral load was Ͻ400 copies/ml within 16 weeks of therapy. In the patient with the highest viral load, an undetectable viral load was not achieved until week 24 (Fig. 1) . CD4 ϩ T cells significantly increased from 519 (268 to 705) to 1,001 (531 to 1,287) cells/l during treatment (Fig. 2) . Absolute CD8
ϩ T-cell counts were unavailable for two patients. In the other five patients, CD8
ϩ T cells showed a rapid decrease in number early in therapy and then stabilized or increased.
Peptide screening. Of the 95 optimized HLA class I-restricted HIV-derived CTL epitopes, 15 different epitopes were recognized. Of these 15 epitopes, 12 were recognized in only a single patient ( Table 2 ). The most commonly recognized region was amino acids 18 to 29 of p17 (IRLRPGGKKKY), which was recognized by four of the eight subjects studied. In three of these subjects, the initial response to the peptide epitope from this region was the strongest of the responses noted. Between one and three different epitopes were recognized by each subject (Table 2) . At the initial time point, the median percentage of CD8 ϩ T cells responding to each epitope was 0.52% (0.11 to 3.81%).
Longitudinal analysis of CD8 ؉ T-cell responses to peptide epitopes during HAART. When expressed as a percentage of peripheral CD8 ϩ lymphocytes, the frequency of all HIV-specific CD8 ϩ T cells decreased during treatment with effective antiretroviral therapy. Serial FACS plots for the response to CTL epitope p24 259-267 for patient 4 are shown in Fig. 3 . When the percentage of responding CD8 ϩ T cells is plotted versus time, a nonlinear decay is apparent in most subjects. We also analyzed the data after expressing the results as the total number of epitope-specific CD8 ϩ T cells per microliter of blood peripheral (when CD8 ϩ T-cell counts were available), since reporting the results as a percentage would not reflect changes in the size of the peripheral CD8 ϩ T-cell pool. These data are shown in log-linear representation in Fig. 4 . Linear regression analyses assuming first-order kinetics were performed using results obtained from the time patients achieved an undetectable viral load onward or until the CD8 ϩ T-cell response to the peptide was less than 0.05% for two consecutive samples. Evidence of a more rapid decline in CD8 ϩ T-cell response before an undetectable viral load is achieved can be seen in patients 1 and 2 when the data are presented as a function of percent CD8 ϩ T-cell response. This more rapid early decline is suggested in patients 1 to 4 when the data are presented as total CD8
ϩ T-cell response per microliter of blood.
The median t 1/2 for the decrease in CD8 ϩ T-cell response to the different peptide epitopes was 38.8 (20.3 to 68.0) weeks when values were calculated from data expressed as percentage of total CD8 ϩ T cells (Table 3 ). The median r 2 value was 0.80 (0.21 to 0.91). Where more than one CD8 ϩ T-cell response was followed in the same individual, t 1/2 s were remarkably similar. The greatest variation in t 1/2 for different epitopes in the same individual was seen in patient 7, 20.7 Ϯ 25.9 and 46.5 Ϯ 25.0, a factor of 2.2, which did not represent a significant difference. No correlation was apparent between the frequency of the initial response and the rate of decay within individuals ( ϩ T cells per microliter of blood. In these same five patients, when the results were presented as percent response, the median t 1/2 was 41.2 weeks. This difference was not significant by paired t-test analysis (P ϭ 0.34). The one marked difference occurred in patient 3 because of a sustained increase in CD8 ϩ T cells, which started at week 16 and continued through week 48 of therapy, increasing from 359 to 650 CD8 ϩ T cells/l during this period of time. This led to an essentially constant number of responsive HIV-specific CD8 ϩ T cells despite a percent fall in frequency within the CD8 ϩ T-cell fraction in the blood (Fig. 4) .
Patient 8 temporarily discontinued his antiretroviral drug therapy after achieving an undetectable viral load for 26 weeks (46 weeks after starting therapy). As shown in Fig. 5 , discontinuation of therapy resulted in a rapid rise in viral load and HIV-responsive CD8 ϩ T cells. The frequencies of these CD8 ϩ T cells were at pre-HAART levels at the time of the next blood draw, 31 weeks later.
Longitudinal response to CMV pp65 NLVPMVATV with HAART therapy in HLA A2
؉ individuals. Of the eight patients studied, three were HLA class I A2 positive. In these patients, responses to the A2-restricted CMV CTL epitope pp65 NLVP MVATV were followed (Fig. 6) . Two of these three subjects showed a marked increase in response to this epitope, increasing from 0.17 and 0.7% prior to therapy to peak levels of 2.9 and 2.15%. Both of these subjects had significant increases in response to this epitope within 16 weeks of starting antiretroviral therapy, 1.6-fold in 9 weeks (patient 8) and 2.8-fold in 16 weeks (patient 7). Patient 6 had a relatively low frequency response, 0.1% at initiation of therapy, and remained essentially unchanged during the 78-week follow-up. None of these patients received treatment for CMV or had any evidence of CMV-specific end organ disease. 
DISCUSSION
We used intracellular cytokine staining to measure the response to optimized CTL epitopes in eight treatment-naive HIV-infected individuals. The ability to measure the response to multiple peptides at the same time allowed the use of a simplified screening protocol (1). This allowed us to accurately screen CD8 ϩ T-cell responses to 95 different epitopes with limited amounts of patient blood. This assay is similar in sensitivity to tetramer assays in both our hands and others' (3). Mollet et al. (12) and Murali-Krishna et al. (13) have found similar results when comparing tetramer staining and intracellular cytokine staining using a slightly different intracellular staining method. In addition, intracellular IFN-␥ staining measures a functional response to antigen that has an antiviral effect and is known to occur in activated CTL.
After complete viral suppression by HAART, we found that the median t 1/2 of decay for HIV-specific CD8 ϩ T-cell responses was 49.8 weeks in the five patients for whom results could be reported as number of responding cells per microliter. In the seven patients for whom t 1/2 s were calculated using data expressed as percent responding cells, the median t 1/2 was 38.8 weeks (Table 3) . Most patients responded to more than one HIV-specific epitope, and the decay rates for different epitope responses in the same individual varied by a factor of 2.2 or less for each patient. The decay rate for the frequency of response to HIV-specific CD8 ϩ T-cell epitopes was not related to the initial strength of the response and appeared to be more a function of the patient than of the antigen. Reexposure to measurable levels of virus resulted in a rapid increase in the frequency of HIV-specific CD8 ϩ T cells in the one patient who discontinued therapy. The relatively slow decrease in the frequency of HIV-specific CD8 ϩ T-cell response during therapy and the rapid increase during viral breakthrough suggest that the decrease in CD8 ϩ T-cell response observed while patients are on HAART represents a normal response to withdrawal of antigen.
The difference between the median t 1/2 that we report for percent responding cells, 38.8 weeks, and that reported by Ogg et al. (14) , 45 days, is most likely due to the length of time the patients were studied. Ogg et al. (14) used data from the time of initiation of therapy to a median period of 100 days to calculate his t 1/2 s. We used data from the time the patients achieved an undetectable viral load, usually within 112 days of starting therapy, to a median period of 78 weeks to calculate our t 1/2 s. This suggests a rapid early decay of HIV-specific CD8 ϩ T-cell response with initiation of HAART. Our data agree with this hypothesis. A rapid early decay is most apparent when our results are expressed as the absolute number of HIV-specific CD8 ϩ T cells per microliter of blood (Fig. 4b ). Using data from the first 8 weeks of therapy for patient 2, the calculated t 1/2 for the response to peptide gp41 843-851 was 3.8 weeks, compared to 28.6 weeks for data obtained after an undetectable viral load was achieved. This is much closer to the t 1/2 reported by Ogg et al. (14) . Unfortunately, our data do not
FIG. 5. Plot of percent CD8
ϩ T cells responding to peptide p17 77-85 (s) and viral load (E) in a patient who discontinued all antiretroviral drug therapy for a 1.5-week period prior to his 51-week clinic visit, as indicated by the open bar above the x axis. The limit of detection for HIV load was 400 copies/ml. We have attempted to describe the rate of decline of HIVspecific CD8 ϩ T lymphocytes in peripheral blood. Probably nothing measured in the blood reflects whole-body frequencies or number of responding cells. Data expressed as percentages of the total peripheral CD8 ϩ T-cell count do not reflect changes in the total CD8 ϩ cell count. Absolute numbers are subject to wide changes because of redistribution and may not reflect the true status of the immune system. We have reported our data as both responding cells per microliter of blood and percent responding cells whenever possible. Our data for all patients except one, patient 3, are similar when reported in either manner. In patient 3, an increase in the peripheral blood CD8 ϩ pool during treatment resulted in an increased in the t 1/2 for the response to peptide p24 311-319 from 28 weeks to Ͼ10 years when data were calculated as total number of responding cells per microliter. This illustrates the possible effect of changes in the peripheral CD8 ϩ pool on kinetic analysis. Similarly, reporting CD8 ϩ T-cell responses as percentage of responding cells may underestimate the rate of decay early in therapy when CD8 ϩ numbers decrease. Rinaldo et al. (17) and Mollet et al. (12) have also reported an increase in CD8 ϩ T-cell responses to the CMV peptide epitope pp65 NLVPMVATV in patients on effective antiretroviral therapy. Clinical data showing immune reconstitution syndrome associated with CMV vitritis (6, 7) suggest that increased responsiveness to CMV starts soon after initiation of HAART in patients with CD4
ϩ cell counts below 100 cells/l. In our patients, the frequency of CMV-specific CD8 ϩ T-cell responses increased with initiation of HAART even though there was no sign of CMV-specific end organ disease and CD4 ϩ cell counts were 274 and 704 cells/l, well above where immune reconstitution syndrome occurs.
These data show that in medically compliant patients who achieve an undetectable viral load, a measurable HIV-specific CD8 ϩ T-cell response can persist for Ͼ2 years after the initiation of HAART. These data also indicate that CD8 ϩ T-cell responses to different HIV epitopes all decay at approximately the same rate within an individual. This indicates that HIVspecific CD8
ϩ T cells with different T-cell receptors recognizing different epitopes in different HIV proteins all respond similarly to the loss of viral antigen in vivo. The rate of decay appears to be constant throughout this study, without evidence of establishment of a new immunologic set point. Discontinuation of therapy results in a prompt increase in HIV-specific CD8 ϩ T cells to levels similar to those seen before therapy. Our data do not allow us to address the reports of early fluctuation in CD8 ϩ response seen by Ogg et al. (14) in the first 2 weeks of therapy or the increased responsiveness seen by Mollet et al. (12) in the first month of therapy. However, our data suggest that there is a lower rate of HIV-specific CD8 ϩ T-cell decline after an undetectable viral load is achieved. Any estimate of the longevity of antigen-specific CD8 ϩ T cells that relies heavily on data obtained prior to the clearance of viremia may underestimate the persistence of these cells because of a rapid initial decrease in HIV-specific CD8 ϩ T cells with initiation of HAART. The original justification for structured treatment interruption in patients with chronic infection is based on the assumption that the CTL response to HIV drops rapidly with therapy. Our data demonstrate a slower decrease in HIV-specific CD8 ϩ T-cell responses. This lower decay rate needs to be taken into consideration in the design of structured treatment interruption and therapeutic vaccination protocols.
